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ABSTRACT  The gastrointestinal tract is an essential system of organs required for nutrient ab-
sorption. As a simple tube early in development, the primitive gut is patterned along its anterior-
posterior axis into discrete compartments with unique morphologies relevant to their functions 
in the digestive process. These morphologies are acquired gradually through development as the 
gut is patterned by tissue interactions, both molecular and mechanical in nature, involving all 
three germ layers. With a focus on midgut morphogenesis, we review work in the chick embryo 
demonstrating how these molecular signals and mechanical forces sculpt the developing gut tube 
into its mature form. In particular, we highlight two mechanisms by which the midgut increases 
its absorptive surface area: looping and villification. Additionally, we review the differentiation and 
patterning of the intestinal mesoderm into the layers of smooth muscle that mechanically drive 
peristalsis and the villification process itself. Where relevant, we discuss the mechanisms of chick 
midgut morphogenesis in the context of experimental data from other model systems. 
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Introduction

The gastrointestinal (GI) tract is an essential system of organs 
that perform functions vital to nutrient absorption. Throughout em-
bryogenesis, molecular signals and mechanical forces sculpt the 
gut through a series of complex morphogenetic events that give 
rise to its adult form in a process that is largely conserved across 
species. The distinct GI organs derive from a common primitive gut 
tube. In a classic study, Caspar Friedrich Wolff observed the early 
morphogenesis of the chick gut as it transformed from a sheet into a 
tube, considering it a prime example of epigenesis – the prevailing 
hypothesis that adult form develops progressively through stepwise 
morphological transformations during embryogenesis (Wolff and 
Dupont, 1768-1769). This transformation is accomplished early 
in development via morphogenetic cellular movements at two 
ventral invaginations of the endoderm at the opposite ends of the 
embryo, the anterior and caudal intestinal portals. These events 
culminate in the fusion of the endoderm into the primitive gut tube 
at approximately day 3 of embryonic development in the chick (Le 
Guen et al., 2015, McLin et al., 2009, Roberts, 2000, Spence et 
al., 2011). At this point, the gut exists as a simple composite tube 
composed of an endodermal epithelium ensheathed in mesen-
chyme recruited from the splanchnic portion of the lateral plate 
mesoderm and is suspended from the abdominal wall through the 
dorsal mesentery. Soon after its formation, the gut is colonized in 
an anterior to posterior wave by neural crest cells derived from the 
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ectoderm. Thus, the development and function of the digestive tract 
is ultimately the result of molecular and mechanical interactions 
between all three germ layers. 

Reciprocal signaling between the epithelium and mesenchyme 
regionalize the gut along its anterior-posterior axis. Heterologous 
tissue recombination experiments between these layers demon-
strate the importance of cross-talk between the two tissues. This 
interactive process is highlighted by the fact that both the endo-
derm and mesoderm exhibit instructive effects on the induction 
of cell fate and morphology of the other with spatial and temporal 
dependence. Cross-talk between the tissues continues throughout 
development and into adult life, playing important roles in patterning 
and stem cell maintenance and contributing to epithelial differentia-
tion. These interactions have been reviewed in detail elsewhere 
(Chin et al., 2017, Crosnier et al., 2006, de Santa Barbara et al., 
2003, Le Guen et al., 2015, McLin et al., 2009, Noah et al., 2011, 
Roberts, 2000, Roberts et al., 1998, Spence et al., 2011, Wells 
and Spence, 2014, Yasugi and Mizuno, 2008). 

With regard to form, the overall output of these molecular in-
teractions resolves with the partitioning of the digestive tract into 
discrete compartments that are morphologically apparent at day 3 
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of chick development: the foregut, midgut, and hindgut (Romanoff, 
1960). In terms of the avian digestive tract, the foregut gives rise 
to the esophagus, crop, gizzard, and proventriculus or glandular 
stomach; the midgut to the small intestine; and the hindgut to the 
large intestine. At the boundary of the small and large intestine 
are the ceca, two blind ended sacs continuous with the gut lumen 
that are analogous to the mammalian appendix. Each compart-
ment is specified to develop unique morphologies that are required 
for their specific functions in the digestive process. For example, 
the midgut drastically increases its absorptive surface area via 
two modes: elongation and villification. At the same time, the gut 
mesenchyme is patterned along its radial axis into distinct layers of 
smooth muscle and neurons that mediate the contractions of these 
muscles to drive coordinated peristalsis. This review highlights work 
in the avian embryo that has contributed to our knowledge of how 
physical forces and molecular cues are integrated to drive these 
processes that pattern and shape the functional digestive tract. 

Looping morphogenesis 

Intestinal rotation 
The human small intestine is approximately 20 feet long yet 

must be packaged to fit within the tight space constraints of the 
body cavity – a problem accomplished through a looping process 
initiated early in development. As midgut elongation outpaces 
axial elongation of the embryo, it is forced into a hairpin loop that 
buckles ventrally into a space outside of the abdominal wall (within 
the yolk stalk in birds, the umbilicus in mammals) at approximately 
embryonic day 5 in the chick (Davis et al., 2008, Soffers et al., 
2015). As it does so it initiates a 90 degree counterclockwise turn. 
In subsequent days the gut undergoes an additional 180 degree 
counterclockwise rotation before it is retracted back into the body 
cavity late in development (just prior to hatching) (Davis et al., 
2008, Soffers et al., 2015, Southwell, 2006). 

This looping process occurs in a highly stereotyped manner that 
initiates with a critical leftward tilt in the gut early in development. 
That the midgut itself displays radial symmetry in cross section 
begs the question of how the chirality of this looping process is 
established. As the endoderm fuses into a tube, the endoderm re-
cruits splanchnic mesoderm from the lateral plate (Roberts, 2000). 

A portion of this mesoderm becomes the dorsal mesentery (DM), 
eventually a thin, elastic membrane, but initially a stiff block of tissue 
composed of mesenchyme situated between two epithelia. This 
DM is attached along the dorsal edge of the midgut, suspending 
it within the coelom (Davis et al., 2008). Between HH20-22 a sym-
metry breaking event occurs in which cells of the right half of the 
DM mesenchyme become more dispersed, while cells of the left 
mesenchyme compact (Fig. 1). Concomitantly, the right epithelium 
flattens, elongating the tissue, while the cells of the left retain a 
narrow columnar morphology (Davis et al., 2008, Kurpios et al., 
2008). These cellular changes transform the dorsal mesentery at 
its point of attachment to the gut from rectangular into trapezoidal 
cross-sectional geometry that tilts the gut tube leftward. These 
cellular asymmetries are driven by the same molecular cues that 
guide early left/right (L/R) patterning of the embryo. Pitx2, a gene 
downstream of the left side patterning signal Nodal, is expressed 
at the onset of asymmetries exclusively on the left side of the DM, 
where it initiates a positive feedback loop with another transcrip-
tion factor, Isl1, and drives the expression of N-cadherin (Fig.1). 
N-cadherin in turn directs the adhesion of cells on the left side that 
leads to their condensation and increased density. This is reinforced 
by asymmetric secretion of extracellular matrix components, acidic 
glycosaminoglycans on the left and hyaluronic acid on the right. 
Misexpression of these genes leads to a loss of asymmetry and any 
minimal tilting that still occurs becomes randomized in orientation 
(Davis et al., 2008, Ryan et al., 1998). 

These events are further orchestrated through interactions with 
additional signaling pathways. Expression analysis of left and 
right DM at the time of leftward tilt revealed an enrichment of Wnt 
pathway genes on the left and Wnt inhibitors on the right (Welsh 
et al., 2013). The formin Daam2, an intracellular effector of Wnt 
and a target of Pitx2 is expressed on the left and is necessary and 
sufficient to drive the compaction of mesenchymal cells. Daam2 
function is likely mediated by asymmetric activity of Wnt5a (de-
rived from the adjacent mesoderm of the gut tube) in conjunction 
with its receptors Fzd4/8 on the left side of the DM (Welsh et al., 
2013). Together, these data suggest a mechanism whereby the 
canonical L/R signaling pathway establishes cellular differences 
within the DM that are further potentiated by noncanonical Wnt 
signaling. In addition to generating morphological changes, Pitx2 

Fig. 1. Establishment of asymmetry in the gut 
tube. Representations of transverse cross sec-
tions through the early gut tube. Asymmetries 
arise in the dorsal mesentery (DM) between HH 
stage 20-22. Left side specific Pitx2 expression 
activates Daam2 and, through Isl1, also activates 
N-cadherin, which interacts with Daam2 to drive 
mesenchymal cell compaction within the left DM. 
Additionally, Pitx2/Isl1 drives columnar epithe-
lial morphology on the left side of the DM, while 
epithelial cells on the right flatten. Together, these 
cellular asymmetries drive leftward tilting. Pitx2 
also activates Cxcl12 to drive arteriogenesis (red) 
within the left DM. 
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acting through its downstream target Cxcl12 initiates the forma-
tion of arteries and lymphatics (themselves dependent upon the 
formation of the arteries) specifically on the left side of the DM 
(Mahadevan et al., 2014) (Fig. 1). 

Recent work in Xenopus has shown similar asymmetries arise 
within the gut tube itself, manifesting as condensations and expan-
sions of mesenchyme and reorganization of epithelia on the left 
and right sides of the developing stomach that drive its curvature 
(Davis et al., 2017). Perhaps not surprisingly these asymmetries 
are also driven by asymmetrical expression of L/R pathway genes. 
Thus, not only does Pitx2 invoke asymmetries in the mesentery, 
causing a non-autonomous effect on gut looping, but depending 
on the region of the gut, also acts within the primitive gut tube itself 
to generate curvature. Another example of asymmetry within the 
gut tube is the duodenojejunal flexure (DJF), which is a stereo-
typed curvature at the point that separates the duodenum from 
the jejunum. In mice, similar mesenchymal and epithelial changes 
are seen here that seem to drive the curvature independently of 
the dorsal mesentery (Onouchi et al., 2016, Onouchi et al., 2015). 
However, whereas differential proliferation does not seem to be 
present in the DM or curving stomach, it does seem to be a driving 
force for DJF formation as the outer curvature shows increased 
cell divisions that create a bend in the gut tube (Onouchi et al., 
2013). Whether Pitx2-mediated sculpting of the stomach or other 
organs is at play in the chick is currently unknown. 

Formation of intestinal loops 
Besides the rotations initiated by asymmetries within the DM 

described above, the small intestine must form progressively more 
loops as it elongates for it to accommodate its extensive length 
within the coelom (Fig. 2). Dissection of the small intestine and 
DM away from all other embryonic tissues maintains the looping 
morphology, indicating that the forces governing the process are 
intrinsic to these two tissues. In contrast, separating the gut from 
mesentery causes the gut to uncoil and the mesentery to recoil. 
These simple yet informative experiments demonstrate that the 
gut tube is under compression while the mesentery is under ten-
sion (Savin et al., 2011). In essence, although the two tissues are 
continually attached to one another along their length, separation 
reveals that the DM is significantly shorter in its released side than 
is the gut tube, a difference established via differential growth. 
Mathematical and computational modeling provide strong evidence 
that looping morphogenesis is dependent upon this differential 
growth between the faster growing midgut and slower growing 
DM. In conjunction, the specific tissue geometries and stiffnesses 
here cause the midgut to buckle into a precise looping pattern 
(Savin et al., 2011). 

Ultimately regulating the mechanical buckling process of in-
testinal looping are molecular signals that define growth rates 
as well as geometric and physical properties of the intestine and 
DM. Prior to and during the looping process, Bmp2 is expressed 

Fig. 2. Looping morphogenesis 
of the midgut. At embryonic day 
5 (E5), the midgut (blue) forms a 
hairpin loop that buckles ventrally 
at the attachment of the superior 
mesenteric artery (red). This hairpin 
loop increases in length during 
development, and by E10 turns 
counterclockwise 90 degrees. At 
E16, the midgut displays a highly 
stereotyped looping morphol-
ogy caused by differential growth 
between the dorsal mesentery 
and the faster growing gut tube 
that leads to tissue buckling. Bmp 
signaling activity, which is pres-
ent in a dorsal to ventral gradient 
from the dorsal mesentery to the 
intestinal mesenchyme, regulates 
this differential growth: hyperacti-
vation using RCAS-Bmp2 (+Bmp) 
increases loops, while inhibition 
using RCAS-Noggin (-Bmp) reduces 
looping. Other compartments of 
the digestive tract are shown in 
grey at E8 for context. 
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in a dorsal to ventral gradient throughout the mesoderm from the 
mesentery through the dorsal gut tube, matching a gradient of 
Bmp signaling activity (Lyons et al., 1990, Nerurkar et al., 2017) 
(Fig. 2). Misexpression of Bmp2 results in a shorter mesentery 
and increased number of loops, whereas misexpression of the 
Bmp inhibitor Noggin leads to a longer mesentery and decrease in 
number of loops. In both these scenarios, the length of the gut tube 
is unaltered, yet with Noggin misexpression the tube increases in 
diameter, bringing up the possibility that growth across the different 
axes can be genetically uncoupled (Fig. 2). Thus, Bmp signaling 
modulates looping morphogenesis by controlling differential growth 
between elongation rates in the gut tube and mesentery (Nerurkar 
et al., 2017). 

The tissue scale forces generated through the process were 
mathematically and computationally modeled to demonstrate 
that differential growth between the DM and midgut along with 
the experimentally measured tissue stiffnesses and geometries 
can sufficiently explain the looping process, which itself is highly 
stereotyped within a given species. In fact, the model generated 
and first verified using experimental data from the chick can ac-
count for the looping morphologies seen in other species (Savin 
et al., 2011). In the finch midgut, which has fewer loops than that 
of the chick, Bmp activity levels are decreased in the DM, raising 
the intriguing possibility that the Bmp signaling pathway may be 
modulated across evolution in avian species to generate unique 
looping morphologies (Mitchell, 1896, Nerurkar et al., 2017). 

Villification

Following compartmentalization and concomitant with the 
looping process, the luminal surface of the avian small intestine 
undergoes a series of structural changes that sequentially trans-
form the initially flat epithelium into a series of ridges, zigzags, 
and eventually villi (Burgess, 1975, Coulombre and Coulombre, 
1958, Grey, 1972, Hilton, 1902). Drawing upon the ideas of D’Arcy 
Thompson, Coulombre and Coulombre (1958) originally proposed 
a mechanical basis for these geometrical changes whereby smooth 
muscle layers within the mesoderm constrain the growth of the in-
ner layers (undifferentiated mesenchyme and endoderm), causing 
them to buckle. Recent work in the chick combining experimental 
data with mathematical modeling has provided strong evidence 
toward this hypothesis (Ben Amar and Jia, 2013, Shyer et al., 2013). 
Coincident with each of the steps outlined above (longitudinal 
ridges to zigzags to villi), layers of smooth muscle cells (SMCs) 
differentiate within the mesoderm in a stepwise manner (Fig. 3). 
At approximately embryonic day (E6) in the chick, the first layer of 
circular smooth muscle differentiates, constraining growth circum-
ferentially and causing the epithelium and underlying mesenchyme 
to buckle into longitudinal ridges that run down the length of the 
small intestine. Next, at E12 an outer layer of longitudinally aligned 
smooth muscle differentiates between the circumferential layer and 
the mesothelium, providing longitudinal constraint such that, with 
further growth, the ridges are compressed into zigzags. The final 
step of epithelial transformation is the formation of villi, which is 
directed by the differentiation of a third inner layer of longitudinally 
oriented smooth muscle at E16, which in itself tightens the folds of 
the ridges, combined with a shift in proliferation pattern to the base 
of the folds (Fig. 3). The fact that inhibition of muscle differentia-
tion prevents each transformative step, and artificially constrained 

growth within silk tubes to mimic the smooth muscle function leads 
to buckling morphogenesis argues that this process is purely 
driven by physical means. In further support of this, mathematical 
and computational modeling of experimentally measured physical 
parameters can recapitulate the buckling morphogenesis observed 
in vivo in the chick and other species (Shyer et al., 2013). How 
these mechanisms of differential and constrained growth are varied 
along the length of the digestive tract to contribute to compartment 
specific luminal folding patterns is an open question, but the fact 
that the general smooth muscle organization is similar across the 
length of the digestive tract, but the thickness of the different layers 
vary, suggests variation of this general mechanism may modulate 
luminal topography, as has recently been shown in the epithelial 
buckling of the oviduct (Koyama et al., 2016) (Lim and Low, 1988, 
Yamamoto et al., 1996). 

The villi that form through these biomechanical processes are 
significantly shorter than the mature villi of the adult intestine where 
it is known that stem cell differentiation plays a key role in the 
maintenance of villus structure. Still, it remains to be determined 
whether physical forces also play a role in the continued outgrowth 
of villi throughout later development and postnatal life. 

Mechanical influence on signaling and stem cells 
During early gut development, proliferating cells are found uni-

formly throughout the epithelium, however they gradually become 
restricted to the intervillus spaces and eventually crypts as the 
epithelium buckles (Crosnier et al., 2006, Overton and Shoup, 1964, 
Shyer et al., 2015). Driving the localization of these proliferating 
cells are the morphological changes that arise during villification. 
Deformation of the epithelium and mesenchyme alters the spatial 
distribution of morphogen gradients within the tissue, thereby af-
fecting molecular events in emerging villi. In particular, there is a 
gradient of Sonic Hedgehog (Shh) emanating from the endoderm 
and diffusing through the mesenchyme (Fig. 3). Visualization of this 
gradient demonstrates that as the zig-zag ridges become tightly 
constrained as the inner layer of smooth muscle differentiations, 
the concentration of Shh becomes elevated specifically at the 
tips of nascent villi. This leads to threshold concentrations of Shh 
that can activate downstream targets such as Bmp2, Bmp4, and 
Pdgfra at high levels specifically in the mesenchyme at villus tips 
(Shyer et al., 2015), in domains known as villus clusters (Karlsson 
et al., 2000). Subsequently, Bmp signaling reciprocally feeds back 
to the endoderm and locally inhibits Wnt signaling and prolifera-
tion (through a currently unknown mechanism), thereby blocking 
proliferation at the tips of emerging villi (Fig. 3). Importantly, the 
concentration of signals is not stage dependent, but shape de-
pendent, as removing the tight folding at late stages results in a 
loss of morphogen localization and subsequently maintenance of 
uniform proliferation. Conversely, the formation of artificial villi at 
early stages localizes Hedgehog signaling and creates villus clus-
ters at a time prior to when they normally appear, indicating that 
tissue shape alone can distort a morphogen gradient to localize 
signal and initiate expression of target genes. 

The proliferative compartment of the adult intestinal epithelium is 
within the intestinal crypts, the invaginations into the mesenchyme 
between villi where Lgr5 positive stem cells divide during normal 
homeostasis to give rise to all cell types of the epithelium (Barker 
et al., 2007). Mirroring the restriction of proliferating cells to the 
intervillus space, Lgr5 expression is also gradually restricted in the 
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same way. Based on lineage tracing experiments in mice, it seems 
that at least some of these embryonic Lgr5-expressing  cells give 
rise to the bona fide adult intestinal stem cells that are located in 
crypts (Barker et al., 2007, Shyer et al., 2015). Thus, the distortion 
of the Shh morphogen gradient by tissue shape changes leads 
to the localization of a proliferative compartment of cells within 
the intestinal epithelium that presumptively gives rise to the stem 
cell compartment (Fig. 3). The factors regulating the formation of 
crypts themselves have yet to be elucidated, although since crypt 

formation happens in organoids that lack smooth muscle layers 
(Clevers, 2013) it is unlikely the same physical forces that form 
villi are at play here. 

Of mice and chicks 
This same progressive transformation of epithelial buckling 

is apparent in other avian species, yet in mice villi arise de novo 
directly out of the flat epithelium (Hilton, 1902, Sbarbati, 1982). An 
alternative, signaling based model has been proposed in the mouse 

Fig. 3. Villification and intestinal stem cell localization. Cross-sectional illustrations of 
the small intestine demonstrating sequential transformation of the intestinal epithelium 
from a flat surface (E4-7), to longitudinal ridges (E8-12), to zigzags (E13-15), and finally 
to villi (E16-adult) as it coincides with progressive layers of aligned smooth muscle that 
differentiate within the mesoderm. Panels on right show close up views of the folds at 
each time point demonstrating how Shh, which is expressed by the epithelium, becomes 
focally localized within the mesenchyme at the tips of the folds to drive the high expres-
sion of villus cluster genes such as Bmp4, which in turn signals back to the epithelium to 
inhibit proliferation/stem cell identity.

that is dependent upon a Turing-like mechanism. This 
model also involves Bmp signaling, but places it up-
stream in establishing Hedgehog-dependent clusters 
of mesenchymal cells at defined intervals throughout 
the mesoderm – each marking where a villus will form 
(Walton et al., 2012, Walton et al., 2016b). Cluster for-
mation occurs concomitantly with basal deformations 
of the endoderm which is subsequently mirrored by 
apical bulges that resolve into nascent villi (Karlsson 
et al., 2000, Walton et al., 2016b). This sequence is 
opposed to the chick, where cluster formation occurs 
following epithelial deformation (Shyer et al., 2015). 
The key differences have recently been reviewed 
(Walton et al., 2016a). One important difference in 
the mouse is that the endoderm is only 1.5 times as 
stiff as the mesenchyme (as opposed to 10 times 
stiffer in the chick) – a critical value in the simulation 
of mouse villification (Shyer et al., 2013). Additional 
modeling approaches have demonstrated that various 
patterns of epithelial buckling reminiscent of mouse 
villification can be generated by physical parameters 
given particular endoderm/mesenchyme stiffness, 
geometric, and elastic properties (Balbi and Ciarletta, 
2013, Balbi et al., 2015, Ciarletta et al., 2014, Shyer 
et al., 2013). Interestingly, knockout of laminin a5 in 
mice results in the formation of longitudinal ridges, 
although it’s not clear if these arise during develop-
ment or through the division of villi later (Mahoney 
et al., 2008). While blockade of smooth muscle 
differentiation in the mouse also results in a lack of 
villi (Shyer et al., 2013), determining whether cluster 
formation is also driven by smooth muscle will be 
important in reconciling the two mechanisms. To gain 
further insight into these species-specific patterns and 
address the nature of these differences of how villi 
emerge, it may be worthwhile to revisit hetero- and 
homochronic recombinants of mouse endoderm with 
chick mesenchyme and vice versa. Indeed, it has been 
previously shown that rat fibroblasts can induce ridge 
and zigzag morphology when recombined with chick 
endoderm, suggesting that the physical properties of 
the endoderm may govern how it buckles (Haffen et 
al., 1982). Given that the pace of muscle formation is 
faster in the mouse than in the chick, which presum-
ably lends to the lack of transitional geometries, it will 
be interesting to see if blocking differentiation of the 
longitudinal layer, and thus allowing growth without 
longitudinal compression, will result in the formation 
of ridges on the mouse endoderm. Moreover, it will be 
important to resolve these differences since mecha-
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nisms of villi formation similar to both chick and mouse may be at 
play during human intestinal development. For example, transient 
formation of ridges have been reported in the developing large 
intestine and proximal small intestine, whereas the distal portions 
of the gut display more of a mouse-like morphogenic process (Bell 
and Williams, 1982, Johnson, 1910, Johnson, 1913, Johnson, 1914, 
Lacroix et al., 1984). 

Development of intestinal smooth muscle

As discussed above, the sequential differentiation of the distinct 
smooth muscle layers in the chick midgut are critical for the mechan-
ically-based formation of intestinal villi in the chick, in addition to their 
essential role in peristaltic contractions required for the breakdown 
and transit of food through the gut. The onset of smooth muscle 
differentiation involves activation of a-smooth muscle actin (aSMA) 
expression, whereas mature SMCs express gSMA and contractile 
markers such as Calponin (Gabella, 2002, McHugh, 1995, McKey 
et al., 2016). Using aSMA as a marker, the three layers of smooth 
muscle can be seen to differentiate sequentially from the splanchnic 
mesoderm and display highly-specific cellular alignments impera-
tive to their function (Fig. 3). The first sign of muscle differentiation 
occurs at approximately E4 in the chick when mesenchymal cells 
begin to align in a circumferential orientation, standing out from the 
seemingly disordered mesenchyme. This is followed by the onset 
of aSMA expression as the first layer of circumferentially aligned 
muscle resolves by E6 (Gabella, 2002). Over subsequent days, an 
outer longitudinal layer develops at E12 and an inner longitudinal 
layer at E15. This general architecture of inner circular and outer 
longitudinal muscle is conserved across species with the exception 
that the inner longitudinal layer is much thicker in the chick than its 
counterpart, the muscularis mucosae, in the mouse (Kedinger et al., 
1990, McHugh, 1995, Wallace et al., 2005). In the avian intestine, 
the circumferential layer of muscle can further be subdivided into 
an inner layer that stains highly for aSMA and a thicker outer layer 
that has low aSMA expression (Gabella, 2002, Thomason et al., 
2012, Yamamoto et al., 1996). While it was classically believed that 
muscle differentiation proceeds in a proximal-to-distal wave, recent 
analysis re-evaluates this hypothesis and suggests that a concur-
rent distal-to-proximal wave of differentiation initiates in the hindgut 
(Bourret et al., 2017, Graham et al., 2017). Despite the difference 
in timing, the general pattern of muscle layers is conserved along 
the length of the gut. 

Initial patterning and differentiation of smooth muscle depends 
on the Hedgehog ligands Sonic (Shh) and Indian Hedgehog (Ihh) 
that signal in a paracrine fashion from the endoderm to generate 
radial pattern within the mesoderm. Tissue recombination studies 
in the chick suggest that Shh acts to inhibit smooth muscle differ-
entiation, as cells closest to the Shh source fail to differentiate into 
smooth muscle (Sukegawa et al., 2000). In contrast, genetic studies 
in mice suggest that Hedgehog is a positive regulator of smooth 
muscle: mice lacking endodermal Shh and Ihh expression show a 
lack of smooth muscle differentiation, whereas mice with hyperac-
tive hedgehog signaling have an increase in smooth muscle (Mao 
et al., 2010, Ramalho-Santos et al., 2000). Furthermore, both in 
vivo and in vitro data suggests Hh signaling elicits a positive effect 
on smooth muscle differentiation in a direct manner, independent 
of its downstream target BMP (Zacharias et al., 2011). 

A second signaling system that has been implicated in smooth 

muscle differentiation is the Bmp pathway. In the midgut, Hh sig-
naling activates Bmp4 in a subepithelial mesenchymal population 
of cells that do not differentiate into smooth muscle (Narita et al., 
1998, Roberts et al., 1995, Roberts et al., 1998, Sukegawa et al., 
2000). In contrast, early gizzard mesenchyme, characterized by 
a thick smooth muscle layer, does not express Bmp4 early on, 
and misexpression of Bmp4 or activation of the Bmp pathway in 
gizzard mesenchyme leads to a reduction of smooth muscle and 
mesenchymal thickness (Nielsen et al., 2001, Roberts et al., 1998, 
Smith et al., 2000). Additionally, elevated Bmp signaling leads to 
similar mesenchymal defects in the hindgut (De Santa Barbara 
et al., 2005). These results suggest that Bmp signaling, at least 
early on in mesenchymal development, may act as an inhibitor of 
smooth muscle growth. 

A hallmark of SMCs is that they do not terminally differentiate but 
instead remain in a plastic state wherein they can switch between 
either a contractile and a synthetic/proliferative phenotype (Gabella, 
2002). Bmp signaling also seems to play important roles in this 
later process of smooth muscle maturation toward the contractile 
phenotype. Misexpression of Rbpms2, an RNA binding protein 
expressed in visceral smooth muscle, hinders SMC differentiation 
into the contractile phenotype, as seen by a loss of Calponin ex-
pression (Notarnicola et al., 2012). This phenotype appears to be 
the direct result of an interaction between Rbpms2 and the Bmp 
antagonist Noggin, whereby Rbpms2 misexpression leads to the 
upregulation of the Noggin, loss of contractility, and increase in 
proliferation – resembling a more immature state. This can be at 
least partially phenocopied by the misexpression of Noggin, which 
leads to a downregulation of contractile genes and a concomitant 
upregulation of immature SMC markers such as Serum response 
factor and aSMA (Notarnicola et al., 2012, Sagnol et al., 2014). 
Thus, the outputs of Bmp signaling activity may be spatially and 
temporally dependent, perhaps hindering early muscle differentia-
tion but later promoting its maturation. 

Interstitial cells and longitudinal muscle 
Significantly less is known about what controls the timing and 

location of longitudinal muscle layer differentiation. Data from both 
chick and mouse suggest the existence of a bipotent progenitor 
population of mesenchymal cells marked by c-kit expression that 
can give rise to either Interstitial Cells of Cajal (ICC) or longitudi-
nal SMCs (Gabella, 2002, Kurahashi et al., 2008, Torihashi et al., 
1999, Young, 2008). ICCs are the pacemaker cells that coordinate 
muscle contractions and are located neighboring muscle cells and 
neurons of the myenteric plexus or deep muscle plexus (Gabella, 
1989, Gabella, 2002, Lecoin et al., 1996). Addition of neutralizing 
antibodies directed against c-kit perturb intestinal motility postnatally 
and lead to a loss of ICCs and a gain of longitudinal SMCs (Maeda 
et al., 1992, Torihashi et al., 1999). Conversely, inhibition of Pdgf 
signaling results in a gain of ICCs at the expense of smooth muscle 
(Kurahashi et al., 2008, Shyer et al., 2013). However, since Pdgf 
signaling is also required for differentiation of the first smooth muscle 
layer, it is more likely that Pdgf signaling plays a more general role 
in smooth muscle development. Thus it remains to be determined 
first what prevents the outer mesenchyme from differentiating 
concomitant with the first layer of muscle, and second what then 
instructs it to form at the appropriate time. One intriguing possibil-
ity is that a to-be-determined factor expressed in the mesothelium 
carries out this task (Thomason et al., 2012). 
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Moving forward, it will be of general interest to decipher how these 
various aforementioned signaling pathways, as well as others, are 
integrated and whether a common, general mechanism is utilized 
along the length of the gut to pattern its discrete smooth muscle 
layers. Pointing to the possibility of compartment specific pathways, 
a study in mouse found that Nkx2.5 and Gata3 were required for 
longitudinal muscle formation specifically in the pylorus (Udager et 
al., 2014). An additional unresearched issue concerns the origin 
of the cells that form the longitudinal muscle layers. As opposed 
to forming from undifferentiated mesenchyme (as presented in the 
foregoing discussion), it has additionally been hypothesized that 
some longitudinal SMCs arise from cells of the circumferential layer 
that migrate radially and turn at right angles (Masumoto et al., 2000). 
Indeed, reorientation of smooth muscle occurs in the development 
of the mouse esophagus, albeit within the same layer (Romer et 
al., 2013). Live imaging of muscle differentiation in explant culture 
may resolve our understanding of how these layers arise and align 
during development. 

On cell alignment 
The alignment of SMCs is highly stereotyped and functionally 

important for morphogenesis and peristalsis. Few reports have ad-
dressed the mechanisms controlling the process of cell alignment 
in the digestive tract, let alone any visceral organ. For example, 
in the mouse ureter, which is also surrounded by smooth muscle, 
loss of Dlgh1 causes the circumferential layer to become longitu-
dinally aligned (Mahoney et al., 2006). In blood vessels, vascular 
SMCs are known to realign during development (Greif et al., 2012), 
and this process is defective when ECM remodeling is perturbed 
(Nandadasa et al., 2015). Still, how these genes modulate signal-
ing pathways or mechanical properties of the tissue to coordinate 
cell orientation is unknown. That the muscle layers of the gut arise 
at distinct times during development suggests that they can be 
exposed to different mechanical cues or molecular signals at their 
times of differentiation. Indeed, Coulombre and Coulombre (1958) 
proposed the possibility that the formation of the first circumferential 
layer initiates a period of intestinal elongation that may guide the 
outer mesenchyme to align longitudinally. A role for contact guid-
ance and mechanical influence on smooth muscle orientation has 
been well studied in vitro (Tamiello et al., 2016), and thus it will be 
interesting to see if some of the same principles are acting to align 
muscle in the context of a growing organ. For example, concomitant 
with smooth muscle differentiation mesenchymal cells are produc-
ing extracellular matrix (Chevalier et al., 2016, Nagy et al., 2016), 
which could in theory provide a scaffold for cell alignment. On the 
other hand, cultured SMCs demonstrate the ability to form clumps 
of cells featuring two layers oriented perpendicular to one another, 
similar to the in vivo situation, indicating that the cells have the 
natural tendency to form at orthogonal angles without external cues 
(Chamley-Campbell et al., 1979). Traction forces have also been 
suggested to play a role in the alignment of connective tissue and 
muscle (Stopak and Harris, 1982). Finally, the migration of neural 
crest cells seems like a good candidate for a migratory population 
that, through its movement, could influence the morphology of sur-
rounding cells. However, smooth muscle forms appropriately in the 
absence of neural crest cells, suggesting that they are not critical 
for this process (Graham et al., 2017, Smith et al., 1977), but, to 
our knowledge the alignment has not been carefully examined in 
the aneural scenario. 

Neural crest cells and muscle 
The layers of muscle are innervated by enteric neurons that 

are required to coordinate the peristaltic contractions that direct 
intestinal transit, and the avian embryo was paramount to identifying 
the origins of the enteric nervous system. Ablation, transplanta-
tion, and lineage tracing studies demonstrated that vagal neural 
crest largely residing between somites 1 through 7 migrate in a 
proximal-to-distal wave along the gut and give rise to the major-
ity of the enteric nervous system (Allan and Newgreen, 1980, Le 
Douarin and Teillet, 1973, Yntema and Hammond, 1954). In ad-
dition, a second population of sacral crest cells in the posterior of 
the embryo populates the post umbilical gut in a distal-to-proximal 
manner (Burns and Douarin, 1998, Le Douarin and Teillet, 1973).
These sacral cells have the ability to colonize an aganglionic 
hindgut that lacks vagal crest, but do not compensate for the lack 
of vagal crest (Burns et al., 2000). The migratory processes as 
well as patterning of the neural crest have been reviewed in detail 
elsewhere (Goldstein et al., 2013, Goldstein and Nagy, 2008, Hao 
et al., 2016, Heanue et al., 2016). 

Ultimately, the neural crest cells organize and differentiate 
into two plexuses that flank the circumferential layer of muscle, 
separating it from the two longitudinal layers (Fig. 3). The timing 
and location of enteric neural crest differentiation implicates a 
possible influence on the adjacent smooth muscle layers, which 
form concurrently. When neural crest cells are ablated, smooth 
muscle differentiation in the gizzard is impaired due to upregu-
lated Notch signaling, indicating a positive influence of the neural 
crest on smooth muscle differentiation (Faure et al., 2015). On 
the other hand, smooth muscle pattern is grossly unaltered in 
CAM-cultured aneural hindguts (Graham et al., 2017, Nagy et 
al., 2007). Therefore, there may be compartment-specific de-
pendencies of smooth muscle differentiation on the neural crest. 
Consistent with this idea, hindgut smooth muscle differentiation 
occurs prior to the arrival of neural crest cells, whereas the fore-
gut is colonized concomitant with smooth muscle differentiation 
(Bourret et al., 2017, Faure et al., 2015). It is important to note 
that the same signaling pathways, Hh and Bmp, that pattern the 
smooth muscle also pattern the enteric nervous system. In ad-
dition, the smooth muscle itself seems to be important for ENS 
patterning in the midgut, as inhibition of circumferential layer dif-
ferentiation in that compartment results in mislocalized crest cells 
and neurons (Graham et al., 2017). Whether this interaction is 
mediated by signals from the muscle or a mechanical environment 
provided by the muscle is to be determined. Since signals from 
the smooth muscle, endoderm, and neural crest cells themselves 
modulate ECM composition, it will be worthwhile to investigate 
how the ECM itself impacts differentiation and patterning of the 
mesenchyme and endoderm (Chevalier et al., 2016, Nagy et al., 
2016). Work in the murine system has begun to address various 
roles of the basement membrane in muscle patterning and luminal 
buckling (Bolcato-Bellemin et al., 2003, Mahoney et al., 2008), 
but the avian embryo may provide a particularly good system to 
investigate this through, for example, misexpression of various 
matrix remodeling factors. 

Concluding thoughts 

Morphogenesis of the digestive tract is a complex process 
that involves molecular and mechanical interactions between all 
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germ layers. How genetic determinants influence mechanical 
forces is an area of ongoing investigation, but presents its own 
challenges. The pleiotropic effects of the signal pathways acting 
within the gut tube often results in the simultaneous modula-
tion of molecular, cellular, and tissue properties. For instance, 
alterations to the Hedgehog or BMP pathways in the developing 
gut affect smooth muscle differentiation and extracellular matrix 
composition (changing tissue stiffness) and additionally changes 
rates of cellular proliferation (changing tissue geometry) (Nagy et 
al., 2016, Nerurkar et al., 2017, Shyer et al., 2015, Shyer et al., 
2013, Walton et al., 2012). Moving forward, it will be important to 
parse out how each of the properties is precisely regulated and 
contributes to the final size and shape of the gut. Likewise, it will 
be important to further elucidate how tissue mechanics feedback 
on gene regulation (Miller and Davidson, 2013). Folding of the 
intestinal lumen, for example, distorts morphogen gradients to 
alter downstream gene expression, but it is an open question if 
and how mechanical forces such as tissue stiffness or muscle 
contractions are sensed directly through mechanotransduction by 
cells within the gut to influence their morphology or differentiation. 

The guiding principles of intestinal elongation have yet to be 
fully elucidated (Walton et al., 2016a). While intestinal growth is 
undoubtedly dependent upon proliferation, and defects in intes-
tinal length correlate with changes in rates of proliferation, how 
proliferation itself can drive axially biased growth is unknown. 
Another question this raises is how mesoderm growth is coupled 
with that of the endoderm so that the process results in concerted 
elongation of the gut tube. While the gut mesenchyme appears 
mostly disorganized, the muscle layers display clear long axes that 
likely control their division orientations (Gabella, 2002, Gillies and 
Cabernard, 2011). Perhaps the smooth muscle itself also plays 
a mechanical role in orienting mesenchymal growth. Coulombre 
and Coulumbre (1958) originally postulated that the contraction 
of the circumferential smooth muscle once formed may drive the 
elongation process of the small intestine – constraining growth 
circumferentially and forcing longitudinal growth. Indeed, it has 
been noted that rapid increases in intestinal length are coupled 
with decreased growth in diameter, and conversely when diameter 
is increasing there is a coordinate decrease in lengthening (Cou-
lombre and Coulombre, 1958, Thomason et al., 2012). Moreover, 
when the muscle is relaxed the intestine dramatically shortens in 
length (Chevalier et al., 2017). Thus, it seems likely that the force 
generated by the muscle alone is sufficient to induce a temporary 
tissue-wide elongation. While the small intestine undergoes dra-
matic elongation, other compartments of the digestive tract, such 
as the gizzard and large intestine, do not elongate as dramatically 
in length, and instead grow in thickness. Therefore, taking a com-
parative approach to study the elongation in each compartment 
may help elucidate the mechanisms that control axial growth.
Given that the gut tube is regionally compartmentalized along the 
proximal distal axis early in development, it is likely the molecular 
mechanisms underlying the differential growth are determined 
early on. Evidence from gain and loss of function studies in both 
chick and mouse indeed show that longitudinal and radial growth 
can be genetically uncoupled (Cervantes et al., 2009, Geske et 
al., 2008, Nerurkar et al., 2017). 

Smooth muscle cells are connected via gap junctions, which 
propagate the contractile wave through calcium transients. These 
calcium transients drive spontaneous, myogenic contractions be-

ginning at E6, as soon as the first layer of circumferential muscle 
forms (Chevalier et al., 2017). The fact that aneural CAM cultured 
hindguts as well as explanted guts treated with the neurotoxin 
tetrodotoxin show contractile activity suggests that these embry-
onic contractions are myogenic and non-neurally mediated. When 
explants are cultured in media lacking calcium, contractions cease 
to occur, the smooth muscle relaxes, and the midgut concomitantly 
decreases in length while increasing in diameter (Chevalier et 
al., 2017). Results from mouse studies have indicated a similar 
mechanism whereby contractions of the digestive tract in the 
embryo are myogenic, and are not mediated by neurons or ICCs 
(Roberts et al., 2010). This raises the question of whether there 
is a functional or morphological purpose for these contractions in 
the embryo. Similar embryonic contractions have also been char-
acterized in the fetal lung, propelling liquid through and potentially 
directing lung growth (Nakamura and McCray, 2000) (Bokka et 
al., 2015). How these myogenic contractions are initiated by the 
smooth muscle in the intestine is still to be determined, but the 
contraction of the cell is calcium dependent and thus modulators 
of calcium signaling are likely factors. Recent work in mouse has 
also shown the transient presence of spontaneous calcium waves 
in enteric neural crest cells as they are differentiating into enteric 
neurons, some of which are coordinated with muscle contractions 
(Hao 2107). It is likely that these are also present in chick, and it 
will be interesting to see how they coordinate with the spontane-
ous calcium waves of enteric neural crest cells, and furthermore 
how each of these influence differentiation and morphogenesis 
of the developing digestive tract. 

It is intriguing to draw parallels between the patterning of the 
digestive tract with that of other tubular organs such as the ureter 
(Bohnenpoll and Kispert, 2014, Yu et al., 2002). Both systems are 
patterned by coupled Hh and Bmp signaling, with epithelial derived 
Hh driving expression of downstream targets such as Bmp4 in the 
subjacent mesenchyme and patterning layers of circumferential 
and longitudinal smooth muscle. In the ureter, Bmp4 is an agonist 
of muscle differentiation, whereas when misexpressed in the giz-
zard it decreases muscle thickness. Bmp signaling seems to act at 
multiple stages of smooth muscle maturation, and there may also 
be context dependent consequences of Bmp activity. For example, 
the ureteral mesenchyme is composed of intermediate mesoderm 
as opposed to splanchnic mesoderm of the gut. Intriguingly, the 
ureter also displays both inner circumferential and outer longitu-
dinal muscle layers, implicating perhaps a general mechanism 
for developing cellular orientation. Moving forward, looking not 
only across species, but among other organs that share similar 
geometries may be informative in discovering general principles 
guiding their formation.

Finally, it will be important to uncover whether the same guiding 
genetic and mechanical determinants control morphogenesis of 
intestinal organoids, which can be grown to develop radial pattern 
and luminal morphology that highly replicates their in vivo coun-
terparts (Watson et al., 2014, Workman et al., 2017). Because 
organoids can be derived from human induced pluripotent stem 
cells, studying their morphogenesis and function will contribute 
to our understanding of human gastrointestinal development 
and disease. Combining these new approaches with our grow-
ing understanding of gut morphogenesis obtained from the chick 
and other model systems may aid in our endeavors toward the 
regenerative purposes of bioengineering a functional human gut.
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